AD-A227  818 


>  file  copy 


ChemiMrv  a  ml  Wnw  ot  Lipid*.  -Wi  (  t'JSS)  171  -|?q 
EIjcm-.t  Scientific  Publishers  Ireland  Ltd. 


The  mechanism  of  formation  of  lipid  tubules  from  liposomes 


Paul  Yager1*.  Ronald  R.  PriceJ.  Joel  M.  Schnur1.  Paul  E.  SehoenJ.  Alok  Singhb 

and  David  G.  Rhodesc  * 


<tk  f*tW.  But  Mtileeular  Engineer  tne  Brandi.  Sami  Research  Laboratory,  H  ashimston.  DC  20.'  "'-.000. 
*(»co -Centers.  ftn..  41  )l  Auth  Plate.  Suit  land.  MD  20  and  '  Biomolceular  Structure  Analysis  Center. 
Lmtersin  •>?  Connecticut  Health  Center.  Far  mine  ton.  CT  Q60J2  (L  .S. A. ) 

(Received  June  !8ih.  1987:  revision  received  and  accepted  September  23th.  1987). 


*»:OX 


jntU^ 

<> 


4/ & 

,-vYv 


tVACIC .  •'  erz  I  • 

/  Certain  diaeet>lenic  phospholipids  form  liposome/ ,n  water  above  their  chain  melting  transitions,  which,  if  slowly  cooled,  quan^^^ 
lively  convert  to  hollow  tubular  structures  about  Kjtnjk  in  diameter  and  as  long  as  hundreds  of  micrometers.  To  elucidate  the  nature 
of  the  conversion  process,  freeze  fracture  electron  microscopy  was  utilized  to  examine  samples  that  were  rapidly  quenched  during 
tubule  formation.  Many  transitional  structures  were  observed,  typically  liposomes  partially  wrapped  around  nascent  tubules.  This  .s 
consistent  with  real-time  imaging  by  optical  microscopy  indicating  tubule  growth  by  continuous  transfer  of  lipid  bilavers  from 
liposomes  bv  a  rolling-up  process.  The  mechanism  of  the  conversion  process,  combined  with  preliminary  X-ray  scattering  data 
indicating  unusual  packing  of  the  lipid  molecules,  suggests  an  explanation  for  the  efficiency  of  the  conversion  process  and  why  the 
tubule  is  a  favorable  microstructure  for  the  crystalline  lipid. 
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Introduction 

We  have  been  studying  rhe  properties  of  poly¬ 
merizable  lipids,  in  particular  one  of  a  class  of 
lipids  that  form  unusual  tubular  structures  [1-6]. 
The  lecithin  !.2-bis(  IO.I2-tricosadiynoyl)-.m-gIy- 
cero-3-phosphocholine  (DC:JPC)  contains  a  di- 
acetylenic  group  in  the  middle  of  each 
hydrocarbon  chain  that  renders  it  and  similar 
lipids  polymerizable  by  ultraviolet  light  and  other 
forms  of  radiation  [7-14],  DC:3PC  forms  lipo¬ 
somes  in  aqueous  dispersion  above  its  phase  transi¬ 
tion  temperature  of  43  C  that  are  unstable  at  lower 
temperatures  [I.  Burke  et  al..  unpublished].  If  the 
temperature  is  lowered  to  about  38  C.  most  lipo¬ 
somes  convert  to  hollow  the  "tubules",  whose 
structure  has  been  described  at  some  length  [2], 
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These  are  0.3-1  pm  in  diameter,  tens  or  even  hun¬ 
dreds  of  micrometers  in  length,  and  have  walls  that 
vary  from  two  to  about  ten  bilayers  in  thickness. 
Tubule  ends  are  generally  open,  unless  they  con¬ 
tain  trapped  liposomes  (Fig.  1).  When  liposomes 
are  trapped  they  allow  immobilization  of  aqueous 
contents  within  the  tubule  (15].  Tubules  without 
trapped  liposomes  can  be  produced  by  precipita¬ 
tion  from  ethanolic  solution  -  a  method  that  can 
also  generate  some  precursor  helical  structures  but 
provides  good  control  of  tubule  dimensions  [6]. 
The  diamagnetism  of  the  hydrocarbon  chains  also 
allows  tubules  to  be  oriented  by  strong  magnetic 
fields  [16]. 

Polymerization  occurs  in  diacetylenic  systems 
only  when  the  reactivp  groups  arc  in  a  crystalline 
array  with  a  particular  range  of  spacing  and  orien¬ 
tation  [17].  Since  ultraviolet  irradiation  of  the 
tubules  produces  colored  polydiacetylenic  chains 
[I],  the  lipid  hydrocarbon  chains  in  the  tubule 
phase  must  have  high  local  order  and  appropriate 
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Fig.  1.  Freeze  fracture  electron  micrograph  of  a  typical  DC;,PC  tubule  made  from  liposomes  in  distilled  water.  The  tubule  in  this 
micrograph  has  a  diameter  of  0.8  fim.  and  a  length  of  15.4  pm.  Note  the  wrapping  of  double  bilayers  around  its  circumference,  and 
that  one  end  appears  to  be  occluded  by  at  least  one  bilaver.  The  dark  area  to  the  side  of  the  tubule  is  lipid  material  not  removed  by 
cleaning.  Scale  bar.  1  pm. 


relative  chain  positions.  The  straightness  of  tubules 
probably  also  reflects  ordered  molecular  packing. 
Based  on  data  from  Raman  and  infrared  spec¬ 
troscopy  [13,14.18  Burke  et  al..  unpublished],  re¬ 
cent  polarized  light  microscopy  and  preliminary 
electron  diffraction  experiments,  we  will  refer  to 
such  order  as  “crystallinity'’.  By  comparison,  the 
monomeric  liposomes  that  exist  above  43  C  have 
disordered  hydrocarbon  chains  [14], 

That  tubule  walls  are  constituted  of  bilayers  has 
been  supported  by  the  stability  of  the  DC:JPC 
tubule  structure  in  water  and  the  fact  that  when 
tubules  frozen  in  ice  are  fractured  they  cleave  along 
what  appear  to  be  bilayer  midplanes.  However, 


there  has  been  no  direct  evidence  that  bilayer  struc- 
cture  is  maintained  during  the  drastic  morphologi¬ 
cal  change  during  conversion  of  liposomes  to 
tubules. 

Optical  microscopic  observation  of  the  forma¬ 
tion  and  growth  of  tubules  suggests  two  mecha¬ 
nisms:  crystallization  of  monomers  lost  by  cooling 
liposomes  or  wrapping  pre-existing  liposomal  bi¬ 
layers,  The  rapid  lengthening  of  tubules  during 
growth  strongly  resembles  the  precipitation  of 
crystals  from  solution.  However,  the  extremely  low 
critical  micelle  concentration  fpr  lecithins  with 
long  hydrocarbon  chains  in  water  seems  to  rule 
out  a  mechanism  in  which  the  tubules  grow  at  the 


observed  rate  by  addition  of  monomers  from  a 
pureiv  aqueous  solution.  During  growth  tubules 
often  appear  to  pull  material  from  large  liposomes 
with  which  they  are  in  contact,  resulting  in  tran¬ 
sient  distortions  of  the  shapes  of  the  liposomes. 
Tubules  may  occasionally  be  seen  to  wobble  as 
they  grow,  perhaps  reflecting  their  rotation  as  they 
acquire  material  from  the  liposomes.  The  resolu¬ 
tion  of  optical  microscopy  is  not  sufficient  to  prove 
continuity  of  liposomal  biiayers  with  those  on 
growing  tubules.  Electron  micrographs  of  replicas 
of  samples  quenched  after  equilibration  at  20  C 
( see  Fig.  2)  show  strong  evidence  that  tubules  grow 
by  wrapping  themselves  in  accreting  sheets  of 
paired  bilayers.  To  determine  if  wrapping  of  lipo 
somes  occurs  during  tubule  formation  we  trapped 
intermediate  states  in  the  conversion  process  by 
rapid  freezing  of  converting  samples,  followed  by 
freeze  fracture  electron  microscopy. 


Fig.  2.  Freeze  fracture  electron  micrograph  of  a  liposome 
wrapped  around  a  tubule,  reminiscent  of  a  glial  cell  laying 
myelin  around  a  nerve  axon.  This  sample  was  prepared  identi¬ 
cally  to  that  in  Fig.  I.  This  and  subsequent  micrographs  have 
been  printed  with  "darh  shadows"  -  with  an  internegative 
between  the  plate  from  the  microscope  and  the  final  print.  Scale 
bar.  0.5  (iin. 


.  -Methods 

DC:,PC  was  synthesized  (using  egg  lecithin  as 
the  source  for  the  headgroup)  and  purified  in  our 
laboratory  by  previously  published  methods  [ 7] ;  it 
gave  a  single  spot  by  thin-layer  chromatography 
on  silica  gel  in  a  chioroform.'methanol.  water  sys¬ 
tem.  It  was  dried  from  chloroform  by  a  dry  nitro¬ 
gen  stream,  and  residual  solvent  was  removed 
under  vacuum  for  12  h.  Following  hydration  with 
distilled  water  in  an  incubator  at  60  C.  samples 
were  stored  frozen  at  —  20  C.  A  simple  device  was 
assembled  to  allow  the  rapid  freezing  of  growing 
tubules  consisting  of  a  copper  plate  soldered  to 
tubing  through  which  water  was  circulated.  Tem¬ 
peratures  at  various  locations  on  the  plate  were 
monitored  with  a  small  thermocouple.  Immedi¬ 
ately  before  use  hydrated  lipid  was  warmed  in  the 
55'C  water  bath  for  several  minutes  to  allow  full 
reformation  of  liposomes.  A  small  aliquot  of  this 
dispersion  was  transferred  to  a  Balzers  (Hudson. 
NH)  specimen  holder  on  the  45  C  portion  of  the 
warming  plate.  Thu  specimen  holder  was  then 
moved  to  a  portion  of  the  plate  at  38°C  that  could 
be  observed  by  a  stereomicroscope.  Within  a  few 
minutes  the  initiation  of  tubule  formation  could  be 
seen  as  increased  turbidity  in  the  sample  droplet. 
At  the  first  such  sign  the  holder  was  plunged  into 
melting  nitrogen  and  subsequently  stored  at 
-  196’C  until  ready  for  fracturing. 

Glycerol  (10%)  was  added  to  other  samples  im¬ 
mediately  prior  to  freezing  from  room  tempera¬ 
ture.  All  samples  were  transferred  to  a  Balzers 
BAF  400D  freeze  fracture  unit,  fractured,  and 
then  replicated  at  — 110  C  and  2x  10~*  Torr. 
Replicas,  which  were  made  with  2.5  nm  Pt-C  and 
15  nm  of  C,.  were  cleaned  on  ethanol  and  chloro¬ 
form,  mounted  on  200  mesh  grids,  and  pho¬ 
tographed  on  Philips  EM 200  (Philips  Electronic 
Instruments,  Inc.,  Mahwah,  NJ)  or  Zeiss  EM-10 
(Carl  Zeiss  Inc..  Thornwood.  NY)  transmission 
electron  microscopes. 

Results  and  discussion 

The  replicas  of  quenched  samples  ( Figs.  3  and  4) 
show  complete  well-ordered  tubules  and  liposomes 
as  well  as  what  we  infer  to  be  intermediate  states 
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Fig.  3.  Freeze  fracture  electron  micrograph  of  a  sample 
quenched  during  the  conversion  process  as  described  in  the  text. 
Note  the  central  liposome  whose  constituent  bilayers  are  wrap¬ 
ping  around  two  different  nascent  tubules.  Scale  bar,  0.5  pm. 


between  liposomes  and  tubules.  These  include 
tubules  with  liposomes  wrapping  around  them,  dis¬ 
ordered  tubules  that  appear  to  have  irregular  lipo¬ 
somal  sections  attached  to  them,  and  growing 
tubules  linked  to  adjacent  liposomes  by  continuous 
pieces  of  bilaver.  These  intermediate  stiuctures 
would  not  occur  if  tubules  grew  bv  accretion  of 
monomers  from  solution.  In  all  observed  cases  bi- 
lavers  in  the  form  of  flattened  cylinders  wrap 
around  tubules:  consequently  bilayers  add  to 
tubules  in  pairs.  Odd  numbers  of  bilayers  in  tubule 
walls  (as  observed,  for  example  in  Ref.  2.  Fig.  5) 
probably  result  from  trapping  of  liposomes  within 
growing  tubules,  which  can  clearly  be  seen  in  Fig. 
I.  The  mechanism  by  which  water  leaves  the  con¬ 
verting  liposomes  is  not  revealed  by  these  micro¬ 
graphs.  and  is  best  studied  by  other  methods. 

We  presume  that  the  driving  force  for  tubuie 
formation  is  related  to  rearrangement  within  the 
bilayer  during  formation  of  regions  of  crystalline 
hydrocarbon  chains.  There  is  no  evidence  from 
electron  microscopy  indicating  when  the  bilaver 
phase  transition  takes  place  relative  to  the  addition 
of  material  of  the  tubule,  but  rigid  “crystalline” 


Fig.  4,  Freeze  fracture  electron  micrograph  of  several  adjacent  structures  present  in  a  quenched  sample.  Note  the  presence  of 
liposomes,  well-formed  tubules,  and  several  intermediate  structures,  all  contiguous  and  apparently  sharing  the  bilayer  material.  Scale 
bar,  0.5  (im. 


bilayers  probably  could  not  easily  deform  from  the 
liposomal  to  the  tubular  geometry  as  observed  dur¬ 
ing  wrapping.  The  formation  of  tubules,  associated 
as  it  is  with  a  crystallization,  is  exothermic:  the 
violent  motion  often  seen  in  the  optical  microscope 
during  tubule  formation  suggests  that  some  of  the 
released  energy  is  converted  to  translation  and  ro¬ 
tation  energy  of  the  forming  tubules. 

In  systems  such  as  cochleare  cylinders,  attraction 
between  successive  bilaver  planes  has  a  strong  role 
in  producing  the  solid  microstructure  (19]. 
Tubules,  on  the  other  hand,  are  hollow  and  we 
have  often  seen  appreciable  aqueous  spaces  be¬ 
tween  successive  wraps  of  the  wall  material,  partic¬ 
ularly  when  they  are  formed  in  glvcerol/water 
mixtures  (see  Fig.  5).  implying  that  the  driving 
force  is  generated  within  single  bilavers. 

We  have  not  identified  any  structures  from  mi¬ 
crographs  that  definitely  represent  nucleation  sites 
for  the  formation  of  tubules.  In  optical  micro¬ 
scopic  observations  we  have  never  seen  tubules  be¬ 
gin  growing  from  isolated  liposomes,  but 
frequently  from  contacting  areas  between  lipo¬ 
somes  and  between  liposomes  and  tubules.  The  nu¬ 
cleation  events,  which  probably  involve  contact 
between  liposomes,  must  be  short-lived,  and  are 
consequently  unlikely  to  be  observed  by  freeze 
fracture  techniques. 

The  freeze  fracture  data  describe  but  do  not  ex¬ 
plain  the  phenomenon  of  tubule  formation  from 
cooled  DC3PC  liposomes.  The  recent  publication 
by  Helfrich  [20]  of  a  theory  of  helical  wrapping  of 
bilayer  strips  composed  of  chiral  molecules  is  help¬ 
ful,  but  inadequate.  While  we  do  often  see  regular 
narrow  strips  of  lipid  in  the  walls  of  tubules  [2],  the 
theory  does  not  explain  why  a  cylindrical  structure 
would  be  formed  from  bilayer  sheets  whose  widths 
were  not  constant.  While  wound  strips  of  lipid  bi- 
layer  in  the  tubular  geometry  appear  to  be  stable, 
so  too  are  the  smooth  continuous  cylinders  with 
the  same  dimensions  that  have  no  edges  that  are 
also  observed.  The  following  are  speculations  to¬ 
ward  an  explanation  of  tubule  stability,  nucleation. 
and  subsequent  growth  either  by  elongation  of  ad¬ 
dition  of  layers  to  pre-existing  tubular  sections. 

The  regular  cylindrical  structure  of  the  tubule 
wall  is  strongly  suggestive  of  crystal  packing  that 
supports  a  finite  curvature  in  one  direction  and  no 


’curvature  in  another.  Packing  constraints  on  even 
achiral  molecules  in  a  single  crystalline  monolayer 
could  produce  a  bias  toward  positive  curvature  in 
one  direction  only,  but  apposition  of  two  such 
monolayers  would  appear  to  nullify  the  tendency. 
However,  any  pre-existing  curvature  in  a  bilaver 
breaks  the  symmetry  about  the  bilaver  midplane, 
so  as  long  as  this  initial  asymmetry  promotes 
slightly  different  packing  on  the  inner  and  outer 
monolayers,  the  cylindrical  bilaver  can  be  stable. 
Also,  if  the  intermolecular  packing  in  one  or  both 
monolayers  were  similar  to  that  in  cholesteric  liq¬ 
uid  crystals,  this  could  generate  an  inherent  helical 
twist  to  bilavers  with  a  specific  handedness.  The 
formation  of  long  regular  cylinders  by  helical  asso¬ 
ciation  of  chiral  biopolymers  such  as  proteins  is 
very  well  established  —  microtubules  and  the  to¬ 
bacco  mosaic  virus  are  but  two  examples.  It  should 
not  be  surprising  that  lipid  bilavers  could  favor  a 
cylindrical  geometry  based  on  a  helical  packing  of 
lipid  molecules. 

When  dispersions  of  phosphatidylcholines  with 
two  saturated  hydrocarbon  chains  crystallize,  there 
is  a  decrease  of  as  much  as  20%  in  the  surface  area 
of  the  liposome  [21,22].  The  contraction  is  roughly 
isotropic  and  causes  neither  topological  nor  major 
geometrical  changes,  although  for  large  multi- 
lamellar  liposomes  the  mechanical  deformations 
take  several  seconds,  limiting  the  rate  of  crystal¬ 
lization  of  the  hydrocarbon  chains  [23].  The  more 
drastic  conversion  of  diacetylenic  lecithin  lipo¬ 
somes  to  tubules  can  take  several  minutes  to  go  to 
completion.  Unusual  packing  of  the  diacetylenic 
hydrocarbon  chains  in  the  crystalline  phase  might 
be  the  cause  of  the  slow  rate  of  conversion,  the 
unusual  tubular  product  of  that  conversion,  and 
hysteresis  in  the  phase  transition  [15]. 

The  electron  density  profile  along  the  axis  nor¬ 
mal  to  the  DC-jPC  tubule  bilayer  has  recently  been 
obtained  from  low  angle  X-ray  scattering  (Rhodes 
el  al„  unpublished).  Principal  maxima  correspond 
to  phosphate,  headgroup,  and  acetylene  electron- 
dense  regions.  The  phosphate-to-phosphate  dis¬ 
tance  in  tubules  at  fssC  was  found  to  be  only 
49.5  A,  comparable  to  the  value  of  48.8  A  deter* 
mined  for  dipalmitoyl  phosphatidylcholine,  which 
is  7  methylene  units  shorter  [24],  In  order  for  the 
DCjjPC  chains  to  be  accommodated,  the  chain 


packing  must  allow  partial  interdigitation  ot*  the 
chains,  tilting  of  the  molecules,  or  some  combina¬ 
tion  of  the  two.  Without  interdigitation.  the 
molecules  would  have  to  tilt  at  approximately  45' 
relative  to  the  bilayer  normal -an  angle  much 
steeper  than  that  in  other  crystalline  phospholipid 
structures.  This  observation,  and  the  fact  that  the 
acetylene-acetylene  spacing  (  -  15  A)  is  so  small, 
strongly  suggest  that  the  chains  are  tilted  and  par¬ 
tially  interdigitated.  Full  data  on  monomeric  and 
polymerized  tubules  will  be  presented  elsewhere 
(  Rhodes  et  al..  unpublished). 

This  anomalous  crystal  packing  suggests  a 
mechanism  for  formation  of  unusual  structures.  If 
all  chains  in  the  DC:JPC  crystal  were  to  tilt  in  the 
same  direction,  there  could  be  an  increase  in  the 
headgroup  spacing  in  the  direction  of  tilt  as  the 
hydrocarbon  chains  crystallize  on  cooling,  result¬ 
ing  in  lengthening  of  the  bilaver  (see  Fig.  6)  along 
the  tilt  axis.  If  in  the  crystallized  monolayer  there 
were  a  direction  in  which  the  molecular  spacing 
were  larger  than  in  the  melt,  then  a  supercooled 
fluid  monolayer,  when  placed  under  anisotropic 
tension,  would  crystallize  by  elongating  along  the 
lines  of  the  tension.  This  is  a  manifestation  of  the 
well-known  phenomenon  of  strain-induced  crystal¬ 
lization  in  polymers.  Crystallization  perpendicular 
to  the  tilt  direction  would  be  disfavored  by  tension, 
so  if  the  system  were  to  remain  under  tension,  all 
of  the  material  in  the  original  monolayer  could 
convert  to  a  narrow  strip  of  crystalline  lipid.  Nar¬ 
row  crystalline  strips  in  certain  mixed  phospholipid 
monolayers  apparently  can  be  stable  even  at  equi¬ 
librium  (Singh  et  al.,  unpublished). 

Given  this  hypothesis,  nucleation  of  tubule  for¬ 
mation  from  a  slightly  supercooled  liposome 
would  occur  in  the  presence  of  anisotropic  lateral 
tension  or  compression  in  the  plane  of  the  mono- 
layer.  A  liposome  can  deform  to  avoid  compres¬ 
sion.  but  tension  can  be  generated  by  sticky 
collisions  between  two  objects,  be  they  two  lipo¬ 
somes  or  a  liposome  and  an  existing  tubule.  Once 
in  contact,  relative  motion  generates  tension  at 
the  contacting  surface,  nucleating  a  lengthening 
strip  of  crystalline  bilayer  from  one  liposome  (see 
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CRYSTALLINE 

Fie.  6.  A  comparison  of  proposed  headgroup  packing  by  lipid 
molecules  in  fluid  and  crytalline  states  if  the  head  group  spacing 
is  large  in  one  crystal  axis.  The  number  of  molecules  and  surface 
areas  in  both  phases  are  shown  as  roughly  equal. 


Fig.  7).  In  the  case  of  collision  between  two  lipo¬ 
somes.  it  is  possible  that  one  of  them  may  be 
trapped  in  the  tubule  interior. 

Several  explanations  have  been  suggested  for 
why  crystallizing  DC-3PC  should  roll  onto  a  tube. 
The  lipid  crystal  structure  may  favor  a  helicial  ge¬ 
ometry  of  a  particular  pitch  that  would  lead  to 
generation  of  cylinders  of  a  fixed  diameter.  Alter¬ 
natively,  Helfrich  has  predicted  [20]  that  a  strip  of 
bilayer  could  form  a  regular  helix  solely  because  of 
tensions  created  by  interaction  of  chiral  molecules 
with  bilayer  edges.  Tubules  made  of  wound  strips 
of  bilayer  about  1  pm  in  width  are,  in  fact,  often 
seen  (see.  for  example.  Ref.  2,  Fig.  2).  We  believe 
such  strips  to  be  flattened  tubes,  but  their  existence 
is  consistent  with  Helfrich's  theory. 

An  alternative  approach  is  to  find  the  lowest  en¬ 
ergy  route  for  the  extension  of  a  sheet  of  bilayer 
next  to  a  large  object  with  great  hydrodynamic 
drag  like  a  liposome.  The  new  surface  area  should 
be  taken  up  in  a  way  that  minimizes  relative  trans¬ 
lational  motion  of  large  objects.  Rolling  of  the  new 
material  into  a  cylinder  satisfies  this  criterion.  A 
tubule  would  undergo  rotational  diffusion  along  its 
long  axis,  with  one  rotational  direction  favored  be¬ 
cause  any  addition  of  crystalline  lipid  to  the  surface 
would  lower  the  free  energy  of  the  system  (see  Fig. 
7).  Further  addition  of.liposomal  material  can  oc¬ 
cur  at  every  sticky  collision.  If  a  wide  strip  oflipo- 
somal  bilayer  were  added,  the  folds  at  the  edges  of 


Fig.  5.  Freeze  fracture  electron  micrograph  of  a  sample  quenched  from  room  temperature  in  an  aqueous  solution  of  10%  fbtwoL 
Note  the  large  aqueous  spaces  between  successive  wraps  of  the  tubular  bilayers,  Scale  bar,  l  jim. 
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Fig.  7.  Schematic  representation  growth  of  a  tubule  from  a 
liposome  resulting  in  a  left-handed  spiral.  The  tubule  is  rotating 
relative  to  the  liposome.  For  simplicity  the  object  which  caused 
nucleation  of  the  process  has  been  omitted. 

the  bilayers  could  be  far  apart,  and  create  both  left- 
and  right-handed  spirals  as  in  Fig.  8. 

While  it  is  clear  that  tubules  can  grow  from  lipo¬ 
somes  without  diffusion  of  monomer  through  solu¬ 
tion,  it  is  quite  possible  to  form  them  in  such  a 
manner.  DC33PC  is  precipitated  from  organic 
solution  by  addition  of  a  miscible  non-solvent, 
allowing  tubule  formation  without  liposomal  inter¬ 
mediates  [6].  Both  methods  produce  nearly  identi¬ 
cal  structures,  with  the  exception  that  precipitation 
can  also  produce  helices  of  similar  dimensions.  The 
helices  are  exclusively  right-handed,  whereas  those 
formed  from  D-DCJ3PC  are  left-handed  and  those 


Fig.  8.  Schematic  wrapping  of  a  liposome  around  a  tubule.  As 
the  remaining  flattened  liposomal  material  becomes  less  wide 
than  the  full  length  of  the  tubule,  two  folded  bilayer  edges  are 
left  on  the  surface,  producing  both  a  left-  and  right-handed 
spiral  as  well  as  large  sheets  of  tubular  material  between. 


from  the  racemic  lipid  are  both  right-  and  left- 
handed  [25].  The  walls  of  the  tubules  formed  by 
precipitation  are  frequently  no  more  than  one  bi¬ 
layer  in  thickness.  The  fact  that  there  are  two  dis¬ 
tinct  formation  routes  for  tubules  argues  that  the 
tubular  structure  is  thermodynamically  stable,  and 
is  not  a  metastable  morphology  that  forms  because 
of  the  requirement  that  the  lipids  originate  in  large 
liposomes.  Furthermore,  any  changes  in  area  that 
may  occur  on  chain  crystallization  that  facilitate 
tubule  formation  are  incidental  to  the  ultimate 
stability  of  the  microstructure. 

In  summary,  we  have  confirmed  the  connectivity 
of  liposomal  and  tubular  bilayers  during  the  pro¬ 
cess  of  conversion  from  liposomes  to  tubules.  This 
evidence  of  growth  by  wrapping,  combined  with 
evidence  for  unusually  thin  crystalline  bilayers, 
suggests  that  growth  of  tubules  from  liposomes 
may  in  part  be  a  consequence  of  a  uniaxial  increase 
in  the  area  of  the  bilayer  on  cooling  from  the  melt. 
This  crystal  structure  may  also  favor  a  helicial  cur¬ 
vature  of  the  bilayer  leading  to  the  regular  tubular 
internal  diameter  of  about  0.75  nm. 

The  lipid  described  here  is  not  unique  in  forming 
tubular  structures.  We  have  previously  discussed 
[2]  the  great  similarity  between  DC!3PC  tubules 
and  structures  formed  from  a  positively  charged 
non-polymerizable  glutamate-based  lipid  [26],  We 
have  also  found -^hat  many  diacetylenic  phos¬ 
phatidylcholines  other  than  DC;JPC  form  tubules 
[5,27],  It  remains  to  be  determined  what  these  two 
different  classes  of  surfactants  have  in  common 
that  stabilizes  the  tubular  and  helical  structures. 

As  there  are  few  convenient  ways  to  manufac¬ 
ture  objects  with  precise  dimensions  in  the  sub- 
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micron  size  range,  the  ability  of  lipids  to  self-orga- 
nize  into  a  regular  structure  such  as  this  is  sure  to 
be  exploited.  The  polymerizability  of  diacetylenic 
lipids,  which  renders  tubules  structurally  more 
stable  even  after  dehydration,  makes  them  even 
more  attractive  for  applications  that  will  require 
them  to  be  processed  and  transferred  into  different 
media.  Tubules  can  also  be  coated  with  a  variety  of 
metals  (Calvert  et  a!.,  unpublished),  wh  c  renders 
the  structure  far  more  stable  and  useful  for  such 
applications  as  structural  composites.  We  are  con¬ 
tinuing  our  pursuit  of  a  better  understanding  of 
tubule  formation,  and  the  hypotheses  presented 
will  be  tested  by  comparing  the  structure  of  bilay¬ 
ers  of  normal  and  tubule-forming  lipids. 

Acknowledgements 

We  gratefully  acknowledge  the  partial  support 
of  the  Defense  Advanced  Research  Projects 
Agency  and  the  Air  Force  Office  of  Scientific  Re¬ 
search,  and  the  technical  assistance  of  Barbara 
Herendeen. 

References 

1  P.  Yager  and  P.E.  Schoen  (1984)  Mol.  Crysi.  Liq.  Cryst. 
106.  371-381. 

2  P.  Yager  and  P.E.  Schoen.  C.  Davies.  R.  Price  and  A. 
Singh  (  1985)  Biophvs.  J.  48.  899-906. 

3  A.  Singh  and  J.M.  Schnur  (1985)  Polym.  Preprints  26, 
184-185. 

4  A.  Singh  and  J.M.  Schnur  (1986)  Svnih.  Commun.  16. 
847-852. 

5  A.  Singh.  R.R.  Price.  J.M.  Schnur.  P.E.  Schoen  and  P. 
Yager  ( 1986)  Polym.  Preprints  27.  393-394. 

6  J.H.  Georger.  R.R.  Rice.  A.  Singh.  J.M.  Schnur.  P.E. 
Schoen  and  P.  Yager  (1987)  J.  Am.  Chem.  Soc.  109, 
6169-6175. 


7  D.S.  Johnson.  S.  Sanghera.  M.  Pons  and  D.  Chapman 
( 1980)  Biochim.  Biophys.  Acta.  6C2.  57-69. 

8  B.  Hupfer.  H.  Ringsdorf  and  H.  Schupp  (1981)  Makro- 
mol.  Chem.  182.  247-253.. 

9  D.F.  O’Brien.  T.H.  Whitesides  and  R.T.  Klingbiel  (1981) 
J.  Polym.  Sci..  Polym.  Lett.  Ed.  19.  95-101. 

10  O.  Albrecht.  D.S.  Johnston.  C.  Villaverde  and  D.  Chap¬ 
man  (  1982)  Biochim.  Biophys.  Acta  687.  165-169. 

11  E.  Lopez.  D.F.  O'Brien  and  T.H.  Whitesides  (1982)  J. 
Am.  Chem.  Soc.  104.  305-307. 

12  J.  Leaver.  A.  Alonzo.  A. A.  Durrani  and  D.  Chapman 
( 1983)  Biochim.  Biophys.  Acta.  732.  210-218. 

13  P.E.  Schoen  and  P.  Yager  (1985)  J.  Polym.  Sci..  Polym. 
Phys.  Ed.  23.  2203-2216. 

14  P.E.  Schoen  and  P.  Yager  and  R.G.  Priest  (1985)  NATO 
Advanced  Study  Institute  Series  on  Polydiacetylenes. 

15  T.G.  Burke.  A.  Singh  and  P.  Yager  (1988)  Ann.  N.Y. 
Acad.  Sci..  in  press. 

16  C.  Rosenblatt.  P.  Yager  and  P.E.  Schoen  (1987)  Biophys. 
J.  52.  295-301. 

17  R.H.  Baughman  and  R.R.  Chance  (1978)  Ann.  N.Y. 
Acad.  Sci.  313.  705-725. 

18  A.S.  Rudolph  and  T.G.  Burke  (1988)  Biochim.  Biophys. 
Acta.,  in  press. 

19  D.  Papahadjopoulos.  W.J.  Vail,  K.  Jacobson  and  G. 
Poste  ( 1975)  Biochim.  Biophys.  Acta  394.  483-491. 

20  W.  Helfrich  (1986)  J.  Chem.  Phys.  85.  1085-1087. 

21  E.  Evans  and  R.  Kwok  (1982)  Biochemistry  21,  4874- 
4879. 

22  P.  Yager.  J.P.  Sheridan  and  W.L.  Peticolas  (1982) 
Biochim.  Biophys.  Acta  693.  485-491. 

23  P.  Yager  and  W.L.  Peticolas  (1982)  Biochim.  Biophys. 
Acta  688.  775-785. 

24  M.  Janiak.  D.M.  Small  and  G.G.  Shipley  (1976)  Bio¬ 
chemistry  15.  4575-4580. 

25  H.M.  McConnell.  D.  Keller  and  H.  Gaub  (1986)  J.  Phys. 
Chem.  90.  1717-1721. 

26  N.  Nakashima.  S.  Asakuma  and  T.  Kunitake  (1985)  J. 
Am.  Chem.  Soc.  107.  509-510. 

27  A.  Singh.  B.P.  Gaber.  B.  Singh.  R.R.  Price.  T.G.  Burke. 
P.E.  Schoen.  J.M.  Schnur  and  P.  Yager  (1988)  in:  K.L. 
Mittal  (Ed.).  Surfactants  in  Solution.  Elsevier.  Amster¬ 
dam.  in  press. 


